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We present a method to monitor in real time peptide self-assembly or polymerization events. The tem-
perature controlled modiﬁcation of a previously reported splash test setup using high speed imaging
enables to observe and measure rheological changes in liquid samples and can, in turn, monitor a peptide
self-assembly or polymerization reaction accompanied with speciﬁc changes in solution viscosity. A ser-
ies of 2 mm glass beads were dropped into an Fmoc-L3-OMe (methylated Fluorenylmethyloxycarbony
l-trileucine) solution mixed with Alcalase 2.4 L (EC 3.4.21.62) or ﬁrst dipped in Tetramethylethylene-
diamine (TEMED), a catalyst for acrylamide polymerization, then dropped into acrylamide. The resulting
splashes were observed using a high speed camera. The results demonstrate that the viscosity changes of
the peptide sample during the peptide self-assembly or acrylamide polymerization affect the speciﬁc
shape and evolution of the splashing event. Typically, the increase in viscosity while the reaction occurs
decreased the size of the splash and the amount of time for the splash to reach maximum extension from
the moment for the beads to impact the sample. The ability to observe rheological changes of sample
state presents the opportunity to monitor the real time dynamics of peptide self-assembly or
cross-polymerization.
 2015 The Authors. Published by Elsevier B.V. This is an open access article under the CC BY-NC-ND
license (http://creativecommons.org/licenses/by-nc-nd/4.0/).1. Introduction
There is a constant need in clinical diagnostics to quickly, efﬁ-
ciently and inexpensively characterize a variety of bioﬂuids to
allow direct use for bedside monitoring. Viscosity has been shown
to be an efﬁcient biomarker in the characterization of multiple
bioﬂuids involved in various diseases [1,2]. We have previously
developed a setup aimed at recording and analyzing splashing
events resulting from the impact of small glass beads [3] and suc-
ceeded in showing applications of clinical relevance [4]. This
demonstrates a successful application of physical science methods
using sample viscosity as a basic criterion for future point-of-care
diagnostics applications, while the ability of monitoring viscosity
changes directly following the uptake of a particular drug could
provide a simple method for measuring its effectiveness for a par-
ticular individual patient. Here we report an evolving system for
in situ characterization of the viscosity using a previously described
splash imaging method.
Peptide self-assembly affects the most diverse building blocks
in nature and is an inherent property of polypeptides [5]. Thisphenomenon is useful for many biological applications and innova-
tive technologies [6,7]. The self-assembly of peptides provides a
molecular approach for nanostructure production, which can be
used for a wide array of medical applications like tissue engineer-
ing [8] and 3D cell cultures [9]. The novelty of self-assembling pep-
tides lies in the versatile framework to make other materials, and
the ability to manipulate and modify natural resources and involve
them in a wide range of processes and applications [10]. Exploiting
systems that are self-assembling can not only expand the potential
for growth in nanotechnology and medical technology but also
demonstrate that peptides in self-assembly conﬁguration can act
as structural as well as functional components for recombinant
protein production [11]. Meanwhile, self-assembling peptides have
shown to be triggered by properties such as pH and enzyme and
can lead to gelation of a sample in response [12]. Real-time
monitoring of the peptide self-assembly process is a noticeable
advance towards practical applications of our method in so far as
it analyzes changes in sample states. Being able to utilize that
knowledge can provide an easier and more cost-effective approach
for biological applications such as characterizing bioﬂuids and
taking direct measurements for medical diagnoses. By following
the self-assembly model of Fmoc-protected tri-leucine upon
de-methylation by Alcalase (Subtilisin A from Bacillus licheniformis)
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ume, we were able to employ the splash visualization method to
follow a relatively slow kinetic event in real-time with a resolution
<1 min.
Another important class of chemical reaction accompanied by
large viscosity changes is polymerization. In particular, the poly-
merization of acrylamide monomers has been extensively studied
[13,14] and is widely used in critical bio-analytical separation
techniques [15,16]. Upon addition of 1% ammonium persulfate
(APS), the chain polymerization of acrylamide monomers is initi-
ated but the addition of TEMED causes side-chain polymerization
resulting in a large increase of the polymerization sample viscosity
[13]. We were therefore not only able to follow the polymerization
reaction using our proposed method but also able to trigger the
side-chain polymerization by ﬁrst dipping the probe beads into a
concentrated TEMED solution.
The above illustrations of the possibility to trigger and monitor
viscosity evolution of molecular reactions using a simple physical
science method open up a wider array of biological or biomedical
applications to directly monitor, for instance, the effect of a drug
such as warfarin on blood viscosity [17] or potential leukemia
drugs with minimal sample preparation restrictions. In addition,
the Fmoc-L3-OMe self-assembly could be used to follow a plethora
of other molecular reaction events interfacing with a
well-calibrated viscosity evolution using the splash method.
2. Materials and methods
2.1. Peptide dilution and probe preparation
The peptide sample was prepared by mixing 2.0 mg (4.8 lM)
Fmoc-L3-OMe (310205-1, Genscript), 70 lL of 100% Methanol,
and 630 lL of 0.1 M phosphate buffer at pH 8 in a 1.5 mL plastic
tube. A set of 2 mm spherical glass beads (SiLibeads Type P,
Sigmund Lindner GmbH) that were used for the impactor in the
splash test was cleaned for 4 min in an O2 plasma cleaner
(PDC-001, Harrick Scientiﬁc Corp) to remove any organic pollutant
from the surface.
2.2. Splash imaging setup
The existing splash setup previously used for clinical diagnostic
of pleural effusions [3,4] wasmodiﬁed by integrating a heater into a
sample cuvette. Brieﬂy, the splash imaging setup consists of a
vertically-mounted stepped motor, a bead pick-up assembly, and
a high speed imaging device described in details elsewhere [3].
The vertically-mounted step motor was set to a drop distance of
95 mm (impact velocity assuming free fall: 3.47 m s1). All theFig. 1. (a) Splash setup. The sample reservoir cuvette sits directly below the ﬁxed nozz
facilitate imaging in good contrast conditions. (b) Detail of the bead dropping for the glbeads for the measurements were dropped from this same distance
and therefore dropped at the same impact velocity. The bead drop-
ping device shown in Fig. 1(b) consists of a notched disk to hold the
beads, a step motor to rotate the disk and pick up the beads, a ﬁxed
vacuum nozzle to move the beads to the drop area, and a vacuum
sensor synchronized with a solenoid valve to drop the bead. An
Olympus iSpeed TR camera was used to record the impact at a
10,000 frames/s, whereas a 100W ultra-high pressure mercury
lamp was used as a light source. A plastic cuvette was used as a
sample reservoir (volume 600 lL) and was wrapped with a
resistive heating element controlled by a Proportional Integral
Differential (PID) feedback loop, and mounted onto and XYZ
dovetail positioning stage to ensure that the impact of the bead
consistently occurred at the center of the concave meniscus formed
by the sample in the cuvette. Fig. 1(a) shows the layout of the setup.
2.3. Peptide self-assembly
The clean glass beads were loaded onto the notched disk via a
free-handed vacuumed pick up nozzle. 1.25 lL (1.79 lL/mL) of an
Alcalase enzyme (P4860, Sigma–Aldrich) was added to the peptide
solution and mixed homogenously. The LabView™ software set the
drop height at 95 mm, dropped beads at each measurement inter-
val, and recorded the results. A measurement from 3 beads taken
before turning on the heater served as reference data. Then, the
heater was immediately turned on to reach 35 C. Thereafter, 3
bead measurements were taken every minute for a total of 7 sets
of measurements including the reference data. The images that
were downloaded and collected from the high speed camera were
then analyzed to determine the time from impact to maximum
splash extension as well as the splash shape.
2.4. Acrylamide polymerization
Clean glass beads were added to the notched disk tray but one
slot was ﬁlled with concentrated TEMED solution (99%, T9281,
Sigma–Aldrich, Milwaukee, WI). 600 lL of a 2% v/v mixture of
bis- and acrylamide solution in a 19:1 ratio containing 1% APS
(A3678, Sigma–Aldrich, Milwaukee, WI) was added to the sample
vial maintained at room temperature. First, 3–6 clean glass beads
were picked up by the vacuum-actuated nozzle and dipped into
the TEMED solution before being launched into the sample solu-
tion to initiate polymerization. A ﬁrst set of 3–5 clean bare beads
was dropped into the sample solution from a distance of 95 mm
to record the reference system state. Then, a set of 3–5 clean bare
beads was dropped every 30 s or 1 min interval to probe the solu-
tion viscosity for up to 90 min. To prevent excessive evaporation,
the sample vial was placed in a machined polycarbonate humidityle of the bead dropping device. The high speed camera is placed at a 45 angle to
ass beads.
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of 70% glycerol in water, we were able to maintain the humidity
around 60% during the course of the experiment.
3. Results and discussion
3.1. Alcalase triggered self-assembly monitoring
When a series of 2 mm glass beads impacts a peptide
self-assembly solution over time, a noticeable change in theFig. 2. (a) Time from impact to maximum vertical extension of the liquid/air interface a
maximum extension as minutes passed and self-assembly progressed in the sample via
typical self-assembly experiment. (c) Splash height at maximum extension decreasing o
experiment at 0, 3 and 6 min. These splashes correspond to the heights represented graresulting splashing events could be observed, suggesting that the
peptide self-assembly reaction can be monitored in real time via
the splash conﬁguration setup and the high speed imaging device.
The ability to monitor the peptide self-assembly in real time lies in
the potential observations of rheological changes in sample states.
The concentration of the Fmoc-L3-OMe peptide (20 lM) and the
Alcalase 2.4 L enzyme (10 lL/mL) and the reaction temperature
(55 C) reported previously [18] incurred the self-assembly gelling
process too quickly to measure and monitor the peptide
self-assembly. To manipulate and slow down the gelling process,t the apex of the splash formation. Less time was needed for the splash to reach its
l. (b) Time from the splash appearance to its maximum height over the course of a
ver time. (d) Splash characterization at maximum extension over the course of the
phically.
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(1.79 lL/mL) were chosen when preparing the sample and a lower
temperature (35 C) was selected. To increase the accuracy of the
measurements, the time between adding the enzyme to the pep-
tide solution and loading the sample into the cuvette for the ﬁrst
measurements was minimized.
As the beads were dropped by the automated setup into the
peptide sample over a range of 6 min, the sequence of images
showed that the resulting splash proﬁle and shape had changed
over time. This splashing event was measured in a few different
ways to show the changes of the reaction. The changes of the time
from the bead impact into the sample to the maximum extension
of the splash reﬂected the process of the peptide self-assembly in
real-time as shown in Fig. 2(a).
The total time for the splash to reach maximum extension was
divided into two parts. First, there was the time between the beadFig. 3. (a) Time from impact to maximum vertical extension of the liquid/air interface
induced by TEMED. (b) Aspect ratio (width/height) of the splash at maximum extension
polymerization. (c) Visual comparison of the maximum splash extension at t = 0 and t = 1impact on the apex of the sample and the appearance of a splash.
Then, there was the time between the splash appearance and the
splash reaching itsmaximumheight. Looking at the second quantity
individually gave another view of how the splashing event changed
over time. As seen in Fig. 2(b), the time for the splash to reach the
maximumheight from themoment that the splash appears dropped
gradually over the course of 6 min. By the end of the experiment, the
time for the splash to reach maximum height was cut in half.
In addition to the time required for the splash to reach maxi-
mum extension, the splashes were also characterized in terms of
their height changes. The height of the splashes at maximum
extension noticeably decreased over time as shown in Fig. 2(c)
since the gelling process from the peptide self-assembly increased
the overall sample viscosity.
Visually comparing the images over the course of 6 min gives a
better idea of how the sample state changed as the peptideat the apex of the splash formation during cross-polymerization of bis-acrylamide
following the evolution of the sample viscosity caused by TEMED-induced cross-
85 min after dropping the TEMED beads showing the increase in medium viscosity.
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corresponding to the maximum extension of the splashes over
time captured by the high speed camera at 0, 3 and 6 min after
the addition of Alcalase.
3.2. Acrylamide cross-polymerization initiation and evolution
A similar approach using the high-speed splash imaging setup
was applied to the cross-polymerization of acrylamide and
bis-acrylamide. The same parameters, namely the time needed to
reach the maximum splash extension, splash duration, and splash
height at maximum extension could be used to describe the evolu-
tion of the system. However, in this application, another level of
automation and precision was reached as TEMED-dipped beads
were ﬁrst launched to initiate the cross-polymerization. In the
self-assembly monitoring experiments, there was an imprecision
on the initiation of the reaction as the reagents had to be mixed
before the setup could be completed. In the present application,
the cross-polymerization reaction, which is responsible for the
most of the viscosity increase, is directly controlled and initiated
by the splash setup when the TEMED-dipped beads are dropped.
This ensures the control of the start time, t0, of the reaction more
accurately.
Similarly to the self-assembly monitoring experiments, the time
from the bead impact to the maximum splash extension was a reli-
able experimental parameter to follow the cross-polymerization
(Fig. 3(a)). In Fig. 3(a), a clear transition can be seen in the time
needed to reach the maximum splash extension with an onset after
70 min of reaction time. In previous results [3,4], we have shown
that the evolution of the time to reach the splash maximum is
directly related to the viscosity of the probed medium. Therefore,
we can conclude that the polymerization reaches a critical thresh-
old state after 70 min and is large enough to be detected using the
splash setup. A similar transition after 70 min is observed when the
height/width ratio of the splash at maximum extension is mea-
sured over time (Fig. 3(b)). The width/height ratio is also very inti-
mately linked to the medium viscosity and conﬁrms the result
from Fig. 3(a). After 100 min, the observed splash quantities slowly
reach an apparent plateau that indicates only small increases in the
medium viscosity and that the cross-polymerization reaction is
mostly completed as available reagents run out. The ﬁt lines in
Fig. 3 correspond to a visual sigmoid ﬁtting that roughly accounts
for a ﬁrst-order reaction kinetics. We were able to employ the
splash setup to initiate and follow the cross-polymerization reac-
tion by using the increase of the viscosity of the sample as a kinetic
parameter. Fig. 3(c) again provides another visual comparison of
the evolution of the maximum splash extension at t = 0 min (initial
reference state) and at t = 185 min after dropping TEMED covered
beads and inducing the cross-polymerization. The difference in
the aspect of the splashing event indicates a signiﬁcant change in
the medium viscosity resulting from the cross-polymerization of
the bis-acrylamide occurring in the sample vial.
4. Conclusion
We present a method based on high-speed splash imaging to
monitor the kinetics of chemical reactions such as (i) the
self-assembly of a tripeptide triggered by the enzyme-catalyzed
demethylation of the precursor or (ii) the cross-polymerization of
bis-acrylamide triggered by TEMED from glass beads dropped into
the sample solution. In each case, we use the changes in the med-
ium viscosity as a parameter to follow the kinetic evolution of the
reaction as we have previously shown a direct connection betweensplashing and medium viscosity. For peptide self-assembly,
it took longer for a splashing event to take place as time passed
during the reaction. The gradual decrease in the total time for
the splash to reach maximum extension represents the increase
in sample viscosity as gelling occurs. When monitoring the
cross-polymerization reaction, we were also able to use our setup
and method to initiate the reaction as well as monitor it. Similarly,
the viscosity changes of the medium translated in changes in the
time for the splash to appear and its aspect ratio at the maximum
splashing extension.
By being able to observe rheological changes in the sample state
with a set of parameters accessible by the setup, we showed that
medium viscosity can be used and be monitored using splash
imaging to follow certain types of chemical reactions. By extension,
we predict that the splash imaging setup will be well suited for
providing clinicians with a simple and direct method to address
sample viscosity and monitor its changes over time with a resolu-
tion <1 min. Applications for diagnosing diseases using blood vis-
cosity as a biomarker, e.g. leukemia, could provide a simple
point-of-care device directly usable by clinicians or even patients.
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